Weakly bound protein complexes play a crucial role in metabolic, regulatory, and signaling pathways, due in part to the high tunability of their bound and unbound populations. This tunability makes weak binding (micromolar to millimolar dissociation constants) difficult to quantify under biologically relevant conditions. Here, we use rapid perturbation of cell volume to modulate the concentration of weakly bound protein complexes, allowing us to detect their dissociation constant and stoichiometry directly inside the cell. We control cell volume by modulating media osmotic pressure and observe the resulting complex association and dissociation by FRET microscopy. We quantitatively examine the interaction between GAPDH and PGK, two sequential enzymes in the glycolysis catalytic cycle. GAPDH and PGK have been shown to interact weakly, but the interaction has not been quantified in vivo. A quantitative model fits our experimental results with log K d = −9.7 ± 0.3 and a 2:1 prevalent stoichiometry of the GAPDH:PGK complex. Cellular volume perturbation is a widely applicable tool to detect transient protein interactions and other biomolecular interactions in situ. Our results also suggest that cells could use volume change (e.g., as occurs upon entry to mitosis) to regulate function by altering biomolecular complex concentrations. rom forming active enzymatic complexes to facilitating signal transduction in regulatory networks, protein interactions are pivotal to cell function. Strong interactions, with dissociation constants (K d ) of nanomolar and lower (1, 2), can be measured accurately both in vitro and in vivo (3, 4). These interactions are ideal in cases where the complex should form with high fidelity and persist. The downside of strong binding is that its regulation in the cellular environment is limited: Once a complex is formed, it seldom dissociates.
Weakly bound protein complexes play a crucial role in metabolic, regulatory, and signaling pathways, due in part to the high tunability of their bound and unbound populations. This tunability makes weak binding (micromolar to millimolar dissociation constants) difficult to quantify under biologically relevant conditions. Here, we use rapid perturbation of cell volume to modulate the concentration of weakly bound protein complexes, allowing us to detect their dissociation constant and stoichiometry directly inside the cell. We control cell volume by modulating media osmotic pressure and observe the resulting complex association and dissociation by FRET microscopy. We quantitatively examine the interaction between GAPDH and PGK, two sequential enzymes in the glycolysis catalytic cycle. GAPDH and PGK have been shown to interact weakly, but the interaction has not been quantified in vivo. A quantitative model fits our experimental results with log K d = −9.7 ± 0.3 and a 2:1 prevalent stoichiometry of the GAPDH:PGK complex. Cellular volume perturbation is a widely applicable tool to detect transient protein interactions and other biomolecular interactions in situ. Our results also suggest that cells could use volume change (e.g., as occurs upon entry to mitosis) to regulate function by altering biomolecular complex concentrations. (1, 2) , can be measured accurately both in vitro and in vivo (3, 4) . These interactions are ideal in cases where the complex should form with high fidelity and persist. The downside of strong binding is that its regulation in the cellular environment is limited: Once a complex is formed, it seldom dissociates.
Another type of protein complexes relies on weak, transient interactions, collectively termed quinary interactions (5) (6) (7) . Such interactions, with a K d in the micromolar to millimolar range, are emerging as important components of the cell's signaling, regulatory, and stress adaptation mechanisms (6, 8, 9) . Their transient nature is key to their function: Unlike tightly bound complexes, quinary interactions are highly sensitive to variations in their environment and respond rapidly to changes in temperature, pressure, pH, or the local concentration of surrounding molecules. The sensitivity of quinary interactions makes them important in fine-tuning cellular processes. For example, it has been proposed that sequential metabolic enzymes could associate to improve substrate transfer between catalytic enzymes (10) , that weak protein association can mediate cytokine release (11) , or that phase-separated protein droplets held together by quinary interactions could serve for cellular storage or stress response (12, 13) .
Despite growing interest, quantification of quinary interactions is technically challenging because it requires detection in situ using a mildly perturbing technique (6, 14) . Previous studies of quinary interactions rely on measurements of large cell populations expressing labeled proteins, e.g., through the use of incell NMR with Escherichia coli (15, 16) . Others rely on observations of large macromolecular aggregates that are visible as foci under a microscope and lack a fixed stoichiometry, in a process more akin to phase separation (9, 17, 18) .
We show that a perturbation to cell volume can detect and measure quinary interactions. Volume change is a mild perturbation that happens routinely: Cells change their volume by up to 30% in both routine cell-cycle changes and in response to deleterious conditions (19) (20) (21) . Rapid volume changes (approximately 1-100 s) are driven by water influx or efflux, altering the concentration of all molecular species contained within the cellular matrix (19, 22, 23) . At such short times, regulatory actions taken by the cell to cope with the change in volume, such as synthesizing channels, chaperones, and enzymes are scarcely initiated (24, 25) . Thus, fast volume change affects viscosity (26) , crowding (27, 28) , protein structure (29, 30) , activity (31) , and quinary interactions within the cell purely by physico-chemical means. Cell volume can be controlled by changing medium osmotic pressure-another parameter that varies in biological settings: Extracellular osmolarity fluctuates routinely for some mammalian cells, including kidney (32), cartilage (33) , and even in the blood under certain pathological conditions (34) .
We subject adhered mammalian cells (U-2 OS) to osmotic stress, increasing or decreasing their volume. A sudden change of cell volume causes the population of protein(s) of interest to reequilibrate between monomers and complex. By tagging the associating proteins of interest with fluorescent protein labels (FPs), we can observe this reequilibration process, and quantitatively determine K d and the stoichiometry of the complex inside living cells. We first show that changes to cellular crowding conditions occur concomitantly with volume changes by using the synthetic crowding sensor fCrH2. Next, we examine two pairs of FPs, AcGFP1/mCherry and mEGFP/mCherry. The former pair interacts in cells to form heterooligomers, whereas the latter Significance Weak, transient protein complexes are emerging as vital to cell function and regulation, with roles ranging from stabilization of a protein structure to driving cytoplasmic phase separations. Because of their fleeting nature and sensitivity, such complexes are notoriously hard to characterize. We develop and validate a method to quantify such "quinary interactions" inside the cell itself, and apply it to the putative interaction of the glycolytic enzymes GAPDH and PGK. Our method can characterize weak protein-protein interactions in live cells, with future application to other biomolecular species, such as RNAs.
does not, highlighting the importance of selecting proper FRET labels for quantitative in-cell studies of quinary interactions. Finally, we study the association of GAPDH and PGK in the context of the cell's cytoplasm-these two crucial glycolytic-cycle enzymes are thought to form transient complexes to expedite substrate turnover. We develop a quantitative model that relates changes in FRET to changes in equilibrium concentrations of free and complexed proteins. The model reproduces all experimental observables, extracting both the stoichiometry and K d of complex formation within the cell.
Beyond quantifying weak protein interactions in situ, our results suggest that interaction networks (in our example, a small part of a metabolic network) can be altered by cellular volume change. Our model predicts that this sensitivity is particularly high when the dissociation constant K d is of the order of the protein's cellular concentration. It is known that the cell changes its volume as part of an internal regulatory process, or in response to environmental duress (20, 23) . We propose that such cellular volume change can trigger regulatory responses rapidly and reversibly, purely by altering the concentrations of complexed proteins, an effect that is amplified because the free volume (the volume that is occupied by water and other small, permeable solutes) in the cell is less than the overall cellular volume.
Results
Osmotic Modulation Approach. Our setup interfaces an epifluorescence microscope with a temperature-controlled flow cell coupled to a pressure controller unit. Cell media normally has an osmolarity of ∼0.3 Osm. Deviations from this value induce cellular volume change across many different cell types (35) . Our setup modulates the osmolarity of media flowing over the cells from isosmotic to either hypoosmotic or hyperosmotic conditions and back within seconds (Methods). Regulatory expression of proteins in response to the volume change is minimal at these times (24, 25) . However, protein folding and protein-protein interactions, which often occur in seconds or less (36) , readily respond to induced volume changes at these timescales (9) .
Because cells can vary widely in shape, size, and cytoskeletal structure, we use the relative cell volumeṽ = V/V 0 as our adjustable parameter, where V 0 is the isosmotic volume.ṽ is expected to depend only on the amplitude of the osmotic challenge. To test this idea, we use confocal microscopy to examine the change inṽ following rapid osmolarity changes (Fig. 1A) . Because water primarily drives volume change, whereas macromolecular content remains constant, we account for the relative free volume change,ṽ f =ṽ −ṽ occ . The occupied relative volumẽ v occ in the cell, composed of all solutes that do not readily diffuse upon volume change, is estimated to be ∼30% in isosmotic conditions (37, 38) . In Fig. 1B and SI Appendix, Fig. S1 ,ṽ (andṽ f ) is shown to be robust for the range of osmotic pressures tested.
We probe the response of proteins to changes in cell volume by observing the changes to donor (green) and acceptor (red) fluorescence emission using a FRET illumination setup (Fig.  1C ). An experiment normally consists of observing the FRET fluorescence from a single cell while inducing cell-volume change. The green and red fluorescence intensity depends on the proximity and relative orientation of the donor and acceptor molecules (39) . FRET pairs in close proximity and proper orientation will show a decrease in green and increase in red fluorescence compared with ones that are farther apart.
Cells display a change in green and red fluorescence during osmotic modulation only when the labeled proteins change structure or form complexes. The labels themselves show little or no response to volume changes when expressed separately (SI Appendix, Fig. S2 ). We use U-2 OS cells that cope well with the short duration of stress they are subjected to in this setup: There is rarely any blebbing or breakdown of the nuclear envelope. During duress, endosomal motility is arrested as reported (40), but recovers rapidly upon return to isosmotic conditions, even after the most extreme osmotic challenges (0.1 or 0.8 Osm; Movie S1).
We use media diluted with MilliQ water to induce volume increase, or supplemented with NaCl to induce decrease. To ensure that the volume effects are independent of the osmotic agent used, we also switched NaCl for equi-osmotic solutions of mannitol or glucose, both noncharged osmolytes. All cosolutes gave a similar change in green and red fluorescence in the most extreme volume change tested. (SI Appendix, Fig. S3 ).
Crowding Tracks Cell-Volume Modulation. To detect the correlation between cell-volume change and crowding in the cell, we use the crowding sensor CrH2 developed by Boersma et al. (28) . Our fCrH2 construct uses AcGFP1 and mCherry as the FRET pair. We first studied fCrH2 in vitro by recombinantly expressing and purifying it. The relative change to in vitro FRET efficiency, defined in Eqs. 1 and 2, increases as the concentration of ficoll (a polymeric crowder) increases ( Fig. 2A , details in SI Appendix, section S2). The protein displayed no sharp transition behavior, implying that fCrH2 undergoes a continuous structural change, as reported (28) .
To demonstrate that fCrH2 FRET signal responds linearly to volume modulation inside cells, fCrH2 was transfected into adhered U-2 OS cells. After the onset of osmotic stress, the green and red channels change reciprocally (Fig. 2 B and C) , a hallmark of FRET. Once plateaued, the signal remains nearly constant, indicating that the crowding has reached a steady state. The plateauing of the fluorescence signal also means that no regulatory volume changes take place for the short duration of the experiments (19) . Once the flow is switched back to isosmotic conditions, the fluorescence returns to basal levels, even after repeated volume change cycles (SI Appendix, Fig. S4 ). The reversibility of the fluorescence signal demonstrates the high resilience of the cells to volume changes and supports our assumption that it is primarily water that leaves or enters the cell. Data are represented as relative signal change, χ (as described in Eq. 2, Methods) for green and red fluorescence, and shown for all volume changes in Fig. 2D . The magnitude of change in both green and red fluorescence correlated nearly linearly with the change in relative free volume. Throughout the entire experiment, cells retained their surface area as shown for a representative cell in Fig. 2E .
Our observations can be explained by molecular crowding theory (27, 41) . When free volume decreases, fCrH2 responds by assuming a more compact conformation. For this protein, a more compact conformation brings the FPs at the termini closer, increasing FRET efficiency (more red, less green). The exact opposite happens during a volume increase. Indeed, a tethered control construct of AcGFP1-mCherry separated by 4 amino acids did not show a similar change in green and red fluorescence under the same perturbation (SI Appendix, Fig. S5 ). In addition, we observe that the protein responds rapidly to changes in cell volume, as revealed by the way the red and green fluorescence changes closely trace the osmolarity (Fig. 2B and SI Appendix, Fig. S6 ).
Heterooligomerization of FPs Can Be Detected by Cell-Volume
Modulation. Moving on to putative quinary interactions, we first examine the association of commonly used FP labels. Wild-type FPs form homo-oligomers (42, 43) and have a high degree of sequence and structural homology, making heterooligomerization, even of engineered FPs, a realistic possibility. Fluorescent protein heterooligomerization presents problems in the interpretation of FRET and colocalization experiments, yet has scarcely been studied (44) . In our experiment, FP heterooligomerization would mask the detection of protein-protein interactions.
We examined the AcGFP1/mCherry FRET pair by fluorescence titration in vitro and found that it associates with a K d ∼ 20 μM in PBS buffer at room temperature ( Fig. 3A and SI Appendix, Fig. S7 ). To see whether association also occurs in vivo, we cotransfected these two FPs in U-2 OS cells with equal plasmid concentrations and used volume modulation to detect complex association and dissociation. For cotransfected cells, FRET signals are prone to artifacts arising from imbalanced expression levels (45) . To circumvent artefactual fluorescence changes caused by imbalanced expression, we calibrated fluorescence intensities of purified FPs in vitro and used this calibration to select cells with similar expression levels of the two fluorescent proteins (SI Appendix, Fig. S8 ).
We find that AcGFP1 and mCherry associate in cells as well. Fig. 3B shows the reciprocal green and red fluorescence changes whose amplitude scales withṽ f . Importantly, the overall changes in χ slope and amplitude are significantly different from the ones obtained with fCrH2 (Fig. 2C ). To produce a comparable FRET signal in the absence of binding (i.e., from random proximity between nonassociated molecules), one would need concentrations of ∼1 mM, far higher than our few micromolar in-cell concentrations (39) . Our quantitative analysis of in-cell K d and association stoichiometry is described further below.
Next, we tested the mEGFP/mCherry pair. mEGFP contains the monomer-stabilizing mutation A206K. This pair showed a markedly diminished E FRET (Eq. 1 in Methods) compared with AcGFP1 and mCherry (Fig. 3C) . The change in green fluorescence of mEGFP upon cellular volume change was identical in the presence and absence of mCherry, whereas AcGFP1 showed significant changes in green fluorescence under the same conditions (Fig. 3D) . These data show that mEGFP does not interact with mCherry in cells, making the pair viable as FP labels for association studies of other proteins of interest.
Quinary Interaction Between Two Metabolic Enzymes. We applied the osmotic modulation technique to detect and measure the quinary interaction of two metabolic enzymes. It has been proposed that sequential metabolic enzymes, where the product of one is the substrate of the other, have evolved to weakly associate. Such association can dramatically improve substrate processing by reducing diffusion times between enzymes (10). Our targets, glyceraldehyde 3-phosphate dehydrogenase (GAPDH) and phosphoglycerate kinase (PGK), are one such pair. GAPDH and PGK catalyze the sixth and seventh steps in the glycolysis cycle, respectively. The GAPDH crystal structure is tetrameric (46) , and has been shown to exist as the tetramer GAPDH 4 under crowded conditions (47) . PGK is known to exist as a monomer in the cytoplasm and has been extensively studied by us and others (31, 48, 49) . These proteins have been shown to interact in vitro by using gel and affinity chromatography (50, 51) . FRET fluorescence lifetime imaging of live cells was previously used to show that interaction occurs in vivo as well (52) , but this method was unable to quantify the binding affinity or give insight into the stoichiometry of binding.
GAPDH was labeled with mEGFP close to the N-terminal and away from its tetramerization interface; PGK was labeled with mCherry at the N-terminal (see SI Appendix, Table S1 for sequences). We coexpressed the two labeled proteins in U-2 OS cells, selected cells with similar concentrations of the two proteins for imaging, and applied our method to see how the FRET signal is affected by induced cellular volume change. The two metabolic enzymes associate in the cytoplasm of U-2 OS cells. Fig. 4A shows the reciprocal change in green and red fluorescence that signals GAPDH 4 /PGK interaction. We discuss the quantitative determination of K d and association stoichiometry for GAPDH 4 /PGK and for the differently behaved AcGFP1/ mCherry pair next.
Analysis of Quinary Interactions Using a Quantitative Volume
Modulation Model. To quantify our experimental results, we developed a model that predicts the effect of volume change on the association equilibrium of our labeled proteins. The model relates the changes in two-color fluorescence seen upon volume modulation to reequilibration of the free and bound forms of the labeled proteins. Translating concentrations into fluorescence signal allows direct comparison with experimental observables. We have used this model to develop a rigorous fitting procedure for our experimental results, as shown in SI Appendix, Fig. S10A . A detailed description of the model, fitting procedures, constants used for fitting, error estimation, and a link to obtain the code can be found in SI Appendix, section S3.
Briefly, our fitting procedure considers a range of stoichiometries αA + βB A α B β for the experimental data shown in Figs. 3E and 4B. α and β are the stoichiometries, A and B are the molecules labeled with the donor and acceptor FPs, and A α B β is the main complex responsible for the FRET signal. Our model starts with equilibrium concentrations of A, B, and A α B β , which then change upon an osmotically induced volume change. The final concentrations are obtained by solving the differential rate equations for each species until a new equilibrium is reached. Multiple intermediate complexes can also be populated (and modeled by additional differential equations); for simplicity, we consider only the most probable association equilibrium, which fits our experiments well. For proteins with a concentration range between 1 and 15 μM, our model predicts that significant changes to χ will only occur in systems where K d is in the 0.1-100 μM range (SI Appendix, Fig. S10 B and C) . The reaction order and K d can be estimated from χ green and χ red as a function of cell-volume change (as shown in SI Appendix, section S3). Thus, our method is particularly useful for detection of weak quinary interactions between proteins inside cells (5, 14) . For the association between AcGFP1 and mCherry (Fig. 3E) , the best fit is obtained with a 2A + 2B A 2 B 2 stoichiometry, as shown in Fig. 3F . The fitted log
smaller by an order of magnitude from our in vitro experiment, (K d ∼ 20 μM; Fig. 3A) indicates that the cellular matrix, either by crowding or quinary interactions, promotes association of this FP pair relative to the test tube (7) . Additionally, the low cooperativity shown in our in vitro binding curve (Hill coefficient of ∼1, Fig. 3A ) does not agree with the higher association order found in vivo. The discrepancy indicates that the cellular environment not only modulates binding affinity, but can also affect the binding mechanism and promote the formation of higher order complexes (6) . The heat map of the fit quality vs. stoichiometric coefficients in Fig. 3F shows that α = 2 (AcGFP1) is strongly favored, but that other values of β (mCherry) may also be populated. Indeed, AcGFP1 is known to form dimers, whereas mCherry is strictly monomeric. Thus, complex size is not likely to be completely homogeneous in terms of the number of mCherry molecules involved. Fig. 4B shows χ for green and red fluorescence of GAPDH/ PGK complexation. Fitting our model to these experimental results shows that an overall equilibrium of 2A + B A 2 B, where A is GAPDH tetramer (53) and B is PGK, gives the best fit to the data (Fig. 4C) . We obtain log K d = −9.7 ± 0.3, equivalent to a dimerization K d of 14 ± 6 μM at cellular protein concentrations. Our model predicts a prevalent 2:1 stoichiometry of GAPDH 4 with PGK. We assume the GAPDH is in tetrameric form because the dissociation constant for 4GAPDH GAPDH 4 in crowded conditions was found to be log K d ∼ −25 (47) , implying tight binding that should not be perturbed by volume modulation. Thus, we propose that at least two GAPDH 4 tetramers associate with a single PGK molecule in to a weakly bound quinary complex. In line with our results, the turnover rate of wild-type PGK is known to be higher than GAPDH [∼200 s −1 for GAPDH tetramers (54) vs. ∼800 s −1 for PGK monomers (55)], and PGK copy numbers are known to be at least a factor of 2 smaller than GAPDH levels in U-2 OS cells (56) . We also considered the possibility of tetramers that contain a mix of labeled and unlabeled GAPDH, due to the high concentrations of GAPDH that exist in U-2 OS cells (56) . Our model shows little sensitivity to a mix of fluorescent and nonfluorescent proteins in the tetramer, as discussed in SI Appendix, section S3 and Fig. S15 .
Discussion
Our results show that free volume modulation can be exploited to reveal the binding affinity and stoichiometry of weakly bound complexes inside the cell. Osmotically induced volume changes are reversible and can be explained in terms of a return to new steadystate concentrations of complexes following the volume change. We could determine the preferred association stoichiometry for GAPDH 4 /PGK as well as the binding strength. A caveat from our FP control experiments is that not every FP-label pair is suitable for determining quinary association, because some pairs may interact by themselves and mask association of proteins of interest.
Rapid volume changes will alter the concentrations of all species in the cell, affecting ionic strength, pH, and concentration of other molecules. Our model fits the full set of volume data, including near V = V 0 (ṽ = 1) where the perturbation vanishes, thus representing the unperturbed K d and stoichiometry inside cells. Volume changes up to 30% did not significantly affect the binding constants or thermodynamics, as indicated by the good fits of the model (Figs. 3E and 4B ). It is possible that some associating protein pairs will have a K d or stoichiometry that depends on other variables affected by the volume, e.g., ionic strength for a highly charged protein pair. In such cases, modulation of volume should not deviate too far from the iso-osmotic condition of ∼0.3 Osm to measure association under native conditions. An interesting hypothesis raised by our results is that the cell environment is finely tuned to optimize weak interactions networks among its protein machinery (in our example, metabolic proteins). Such weak interaction networks create the possibility of a "fuzzy" interaction network in the cell (57) , in contrast to the binary on-off nature of tight binding networks. In fact, the sensitivity of weak complex populations to cellular volume changes suggests a class of protein complexes whose association strongly depends on cellular crowding conditions. Such complexes imbue the cell with the ability to detect, signal, and/or directly initiate regulatory processes quickly and effectively in response to external stresses or internal signals, such as the rapid volume increase that occurs upon entry to mitosis (20, 23) .
Some studies of in-cell interactions (13, 17) have observed microscopic phase changes in the cytoplasm. Our microscopy data does not show the appearance of foci upon volume change, and our predicted stoichiometry peaks at low numbers, rather than the limit α,β→∞. Thus, our approach is complementary to imaging phase changes (58) inside cells. It would be interesting to see whether oligomerization can be detected by our method before foci appear, revealing early stages of such phase changes, in analogy to oligomers vs. fibrils for amyloids.
Methods
Osmotic Modulation FRET Microscopy. U-2 OS cells (ATCC) grown in DMEM (Corning) supplemented with 10% FBS (Sigma) and 5% penicillin streptomycin (Sigma) were transfected with the appropriate plasmid(s) with Lipofectamine 2000 (Thermo-Fischer) using standard protocol, and plated after 5-6 h of incubation on a treated 40-mm round 1.5 coverslip. Before imaging, the coverslip was washed twice with PBS, covered with FluoroBrite medium (Thermo-Fisher), and placed in a flow cell with a 200-μm-thick rectangular gasket (FCS2, Bioptechs). Cells were imaged between 18 and 22 h after transfection. The flow controller (ElveFlow), controlled using home-built software written with LabView (National Instruments), was used to flow medium at 3 mL/min through the flow cell. This flowrate was selected as an optimal value that gives fast medium switches, with little flow-related focus drifts. Hypoosmotic media was prepared by dilution of media with MilliQ water, and hyperosmotic media by addition of an appropriate amount of NaCl. Medium osmolarity was verified by using vapor-pressure osmometry with a Wescor Vapro 5520 osmometer. A standard profile flowed 40 s of isosmotic media before switching to a nonisosmotic media for 150 s, and then switching back to isosmotic media for another 40 s.
The flow rate must be held constant during imaging because fluctuations of the flow rate larger than ∼5% create a focus shift that interferes with fluorescence intensity readings. To circumvent this problem, the pressure controller is coupled to a flow sensor placed upstream of the flow cell. Using a PID algorithm, the flow is controlled to ∼3% accuracy (SI Appendix, Fig.  S9A ), allowing for seamless imaging with minimal interference during flow switching. Media osmolarity is quantified by following a fluorescent dye added to the nonisosmotic media (SI Appendix, Fig. S9B ).
The volume change induced by an osmotic challenge occurs within seconds (in our setup, the volume change is often limited by the osmolarity gradient caused by medium switching; SI Appendix, Fig. S6) , and although the binding/unbinding kinetics of some slow-associating proteins may become rate-determining, this did not occur for the proteins we investigated here.
Proteins were tagged with either GFP (donor) or mCherry (acceptor), or both for fCrH2. A 470-nm mounted LED (ThorLabs, M470-L3) was used to excite the donor, and a 590 nm LED (ThorLabs, M590-L3) was used for direct excitation of the acceptor. The emitted light was split by using a downstream dichroic optic (Chroma), and the separated channels were projected as separate spots on a phantom V12.1 CMOS camera imaging at 24 frames per s. FRET efficiency was calculated by using bleach corrected data (see SI Appendix, section S2), with the ratio
Here, F green and F red are the fluorescence intensities in the green and red channels. Notably, cell average FRET signal was insensitive to the method of calculation: Obtaining cell-wide averages for each channel and dividing those gave nearly identical values to the average of the ratio between single pixels in each channel. Because signals vary from cell to cell depending on expression levels and cell shape, the relative change χ of signal S was calculated as χ = S stress − S iso S iso , [2] where S stress is the observed signal (e.g., F red , F green , or E FRET ) following the osmotic challenge, and S iso is the same signal before the osmotic challenge, as shown by the yellow background of the time trace in Fig. 2B . Supporting data, further experimental procedures, and a detailed analysis and validation of the volume modulation model are provided in SI Appendix. The code for our model, including a Matlab GUI, is available for download at https://www.github.com/shaharsu/KdSim.
